In this study, we investigated the roles of Epac1 in pathological angiogenesis and its potential as a novel therapeutic target for the treatment of vasoproliferative diseases. Genetic deletion of Epac1 ameliorated pathological angiogenesis in mouse models of oxygen-induced retinopathy (OIR) and carotid artery ligation. Moreover, genetic deletion or pharmacological inhibition of Epac1 suppressed microvessel sprouting from ex vivo aortic ring explants. Mechanistic studies revealed that Epac1 acted as a previously unidentified inhibitor of the -secretase/ Notch signaling pathway via interacting with -secretase and regulating its intracellular trafficking while enhancing vascular endothelial growth factor signaling to promote pathological angiogenesis. Pharmacological administration of an Epac-specific inhibitor suppressed OIR-induced neovascularization in wild-type mice, recapitulating the phenotype of genetic Epac1 knockout. Our results demonstrate that Epac1 signaling is critical for the progression of pathological angiogenesis but not for physiological angiogenesis and that the newly developed Epac-specific inhibitors are effective in combating proliferative retinopathy.
INTRODUCTION
The vascular system supports tissue growth and organ function in vertebrates. While vasculogenesis, the process of generating blood vessels de novo from angioblasts, is essential for embryonic development, angiogenesis, the formation of new blood vessels from existing vasculature, is a double-edged sword. On one hand, physiological angiogenesis is vital for normal growth and development, as well as for female reproductive processes and wound healing. On the other hand, pathological angiogenesis plays important roles in abnormal vessel growth, which contributes to the pathogenesis of diverse human diseases such as retinopathy of prematurity (ROP), diabetic retinopathy, cancer, and cardiovascular disorders (1) . Understanding the molecular mechanisms of angiogenesis is critical for developing effective anti-or proangiogenic therapeutics.
Cyclic adenosine monophosphate (cAMP), a pleotropic second messenger, is an important stress response signal that had previously been shown to regulate many physiological and pathophysiological processes. Exchange proteins directly activated by cAMP (Epac) are major intracellular sensors for cAMP, independent of the classic cAMP receptor, protein kinase A (PKA) (2) . In mammals, there are two Epac isoforms, Epac1 and Epac2, encoded by two separated genes, acting as guanine nucleotide exchange factors for the Ras-related small guanosine triphosphatases (GTPases) Rap1 and Rap2 (3, 4) . Epac1 is ubiquitously expressed and often involved in pathological conditions such as cardiac hypertrophy and obesity, while Epac2 is mainly involved in physiological processes such as insulin secretion, learning, and memory (5) . Epac1 is highly abundant in blood vessels, particularly in endothelial cells (ECs) (6) , where Epac1 signaling has been shown to regulate cell adhesion, migration, junction formation, and endothelial barrier functions (7) (8) (9) (10) . In addition, Epac1 activation induces Weibel-Palade body exocytosis (11) while suppressing annexin A2 cell surface translocation in ECs (12) . Whereas Epac1 knockout (KO) mice have increased microvascular permeability (13) , deletion of Epac1 in mice protects animals from fatal rickettsioses by blocking bacterial adhesion and invasion into the endothelial lining of the blood vessels (14) . Despite extensive studies of Epac1 functions in ECs (5, 6) , the specific roles of Epac1 in angiogenesis have not been prudently explored and remain unclear. Limited recent investigations using Epac1 KO mice have generated contradictory phenotypes (15, 16) . While Garg and colleagues concluded that deletion of Epac1 protected mice retina from oxygen-induced vascular damage (15) , Epac1 was shown to protect the retina against ischemiareperfusion-induced neuronal and vascular damage (16) .
In this study, we describe a previously unknown endothelial function of Epac1, in which Epac1 acts as a previously unidentified inhibitor of the -secretase/Notch signaling pathway while enhancing vascular endothelial growth factor (VEGF) signaling to promote pathological but not physiological angiogenesis. Moreover, we demonstrate that pharmacological inhibition of Epac provides beneficial therapeutic effects by ameliorating pathological angiogenesis in mouse model of ROP. stage. Retinal superficial vessels start to radially sprout from the optic disc right after birth and extend toward the periphery, which is completed at postnatal day 8 (P8). We found that the retinas from WT and Epac1 −/− mice displayed comparable vascularization at P5 ( fig. S1 ), suggesting that Epac1 is dispensable for physiological angiogenesis.
To investigate whether Epac1 is important for angiogenesis under pathological conditions, we used a mouse model of oxygeninduced retinopathy (OIR) that has been widely used to study mechanisms of retinal pathological angiogenesis as seen in ROP and diabetic retinopathy (17, 18) . In this model, P7 pups along with their nursing mother were exposed to 70% oxygen (hyperoxia) for 5 days (P7 to P12) to induce vascular obliteration in the central retina. At P12, mice were returned to room air (relative hypoxia) to induce pathological neovascularization (Fig. 1A) . Compared with normal vessels, neovascular tufts have stronger fluorescent intensity, and protrude into the vitreous with shapes as clump or small ball ( Fig. 1B ). In this model, the level of cAMP was significantly increased in relative hypoxia retinas compared with room air controls (Fig. 1C) , which is consistent with the finding that the levels of phosphodiesterases (PDEs) 1b, 3a, and 3b were down-regulated in OIR retinal vasculature ( fig. S2 , B to D). Furthermore, while the expression level of PKA catalytic subunit was not affected ( fig. S2E ), the levels of Epac1 mRNA and protein were markedly increased in retinal vessels from OIR mice (Fig. 1 , D and E). A similar increase in Epac2 expression was also observed ( fig. S2F ). These observations signify that cAMP/Epac signaling might be involved in modulating pathological angiogenesis.
Next, we examined vascular phenotypes of WT and Epac1 −/− mice that underwent OIR treatment. At P12, a time point maximum vascular regression that occurs in OIR, WT and Epac1 −/− retinas exhibited indistinguishable vascular obliteration (Fig. 1 , F and G), indicating that Epac1 deletion does not affect the vulnerability of retinal vasculature to oxygen. On the other hand, we found that Epac1 −/− retinas exhibited a significant reduction in pathological neovascularization compared with WT retinas at P17, a time point when retinal neovascularization reaches its maximum extent ( Fig. 1 , H to J). Similar results were obtained by examining neovascularization (preretinal vessels) in retinal sections ( Fig. 1K) (19) . The reduced OIR neovascular response observed in Epac1 KO mice was unlikely due to developmental changes, as the body weights of WT and Epac1 −/− OIR mice were identical at P17 (fig. S1D). In contrast,
Fig. 1. Epac1 expression is enriched in retinal blood vessels of OIR mice, and Epac1 deletion prevents OIR-induced neovascularization. (A) A schematic diagram
depicting the mouse OIR model. Pups along with their nursing mother were exposed to 70% oxygen from P7 to P12 to induce vessel regression and returned to room air (RA) from P12 to induce pathologic neovascularization, which peaks at P17. (B) Representative images of retinal vasculature of WT mice from room air and OIR at P17. (C) Level of cAMP in retinas of WT mice from RA and OIR at P14. n = 5 to 6. *P < 0.05 compared with RA. (D) Expression of Epac1 mRNA in retinal vasculature isolated from WT RA and OIR mice at P17. n = 3; each n represents a pool of six retinas. ****P < 0.001 compared with RA. Epac2 deletion did not affect this process ( fig. S3 ). Epac1 deletion also reduced avascular area ( Fig. 1I ), indicating increased physiological vascular repair in these mice. Thus, these findings support the notion that Epac1, rather than Epac2, is critically implicated in cAMP-mediated pathological angiogenesis.
To assess whether these vascular differences in WT and Epac1 −/− mice are brought about by differential proliferation of ECs, we performed immunostaining of whole-mount retinas with antibody against phospho-histone H3 (Ser 10 ), which is a marker for labeling proliferative cells. Following exposure to OIR, WT retina exhibited a large number of phospho-histone H3-positive cells, which was markedly decreased in the Epac1 −/− retina at P15 and P17 ( fig. S4 ). This finding indicates that Epac1 deletion suppresses the proliferation of ECs during the process of neovascularization.
Epac1 promotes neovascularization during stenosis in response to vascular injury
Consistent with the aforementioned protective effect of Epac1 deletion on pathological neovascularization in the retina, our recent study demonstrates that in response to vascular injury, Epac1 −/− mice show a significantly reduced neointimal hyperplasia when compared with their WT littermate controls (20) . In addition to reported neointimal formation, careful histological analysis revealed significant neovascularization in WT samples, manifested by the formation of microvessels, mostly in the outer layer of media/adventitia, in response to carotid artery ligation. On the other hand, minimal neovascularization was observed in Epac1 −/− arteries, which retained their regular vascular structure with minimal neointimal formation ( Fig. 2A ). Neovascularization in WT samples was confirmed by immunofluorescence staining of EC-and vSMC-specific markers using BS1 lectin-fluorescein isothiocyanate (FITC) or anti--smooth muscle actin (-SMA) antibody, respectively ( Fig. 2B ). On average, 14 to 19 microvessels could be detected in each WT ligated carotid artery section, while only 1 or 2 were presented in Epac1 −/− counterparts ( Fig. 2C ). Together, these results suggest that Epac1 contributes to pathogenic angiogenesis in both microvascular and macrovascular systems during vascular remodeling.
Loss of Epac1 in mice reduces vascularization in Matrigel plug assay
To further define the role of Epac1 in angiogenesis under pathological conditions mimicking ischemia and inflammation, we performed a Matrigel plug angiogenesis assay by injecting VEGF/fibroblast growth factor (FGF)-containing Matrigel subcutaneously into the ventral region of Epac1 −/− and WT mice. The Matrigel plugs harvested from WT mice were dark and opaque, indicating a robust blood perfusion. On the other hand, the Matrigel plugs retrieved from Epac1 −/− mice remained semitransparent and with mostly sparse and superficial blood perfusion ( Fig. 2D ). Hematoxylin and eosin (H&E) staining was further performed to examine the blood vessel formation within the plugs. Blood vessel-like structures and abundant blood cells were obvious in WT Matrigel plugs. However, vessel-like structures and blood cells were mostly absent in Epac1 −/− Matrigel plugs ( Fig. 2E ). Costaining of EC and vSMC cell markers revealed that ECs in WT plugs formed a regular pattern, lining along the vessel as seen in normal vascular structure with most of the ECs surrounded by -SMA-positive vSMCs, whereas ECs in Epac1 −/− plugs were abundant but mostly disorganized and scattered, and there were markedly less supporting vSMCs (Fig. 2F ). These data are in agree-ment with the reduced retinal neovascularization in response to vascular injury observed in Epac1 −/− mice, indicating that deletion of Epac1 inhibits inflammatory neovascularization in mice.
Epac1 deletion suppresses vascular sprouting ex vivo
To further dissect the cellular function of Epac1 in angiogenesis, we performed a classical ex vivo angiogenesis assay using mouse aortic rings isolated from Epac1 −/− and WT mice. Unlike most in vitro assays that are only suitable for studying a particular step of the angiogenesis, the aortic ring assay recapitulates all the key steps of in vivo angiogenesis, allowing an in-depth dissection of the contribution of individual cellular processes such as proliferation, migration, tube formation, microvessel branching, perivascular recruitment, and remodeling (21) . As shown in Fig. 2 (G to H), we observed robust capillary sprouting and branching of vessel outgrowth for aortic rings from WT mice. In contrast, aortic rings from Epac1 −/− mice exhibited only minimum sprouting vessel outgrowth. The few sprouts grown from Epac1 −/− aortic rings were significantly shorter, thinner, and had fewer branches. The failure of Epac1 −/− aortic rings to form endothelial sprouts is in agreement with the in vivo results and suggests that Epac1 is important for pathological angiogenesis and that deletion of Epac1 suppresses neovascularization. A similar inhibitory effect on aortic microvessel sprouting was observed by pharmacological inhibition using an Epac-specific inhibitor ESI-09 (22, 23) , which dose-dependently suppressed microvessel outgrowths in WT aortic rings ( fig. S5 ).
Epac1 promotes endothelial angiogenic potential through cross-talk with VEGF signaling
Endothelial proliferation, migration, and tube formation in response to VEGF stimulations are key processes during angiogenesis. We then explored whether alterations of Epac1 signaling in ECs affect their angiogenic abilities. Using MTS [3-(4,5-dimethylthiazol-2-yl)-5-(3-carboxymethoxyphenyl)-2-(4-sulfophenyl)-2H-tetrazolium] assay, scratch wound healing assay, and tube formation on Matrigel and three-dimensional (3D) angiogenesis assays, we found that in the presence of a membrane-permeable Epac-specific activator, . Moreover, in a 3D angiogenesis assay that mimics the vessel formation, inhibition of Epac1 in human umbilical cord endothelial cells (HUVECs) by ESI-09 or by small interfering RNA (siRNA) resulted in a significant decrease in vessel structures ( Fig. 3 , A to D). Together, these data demonstrate that Epac activation in ECs is sufficient to enhance angiogenic properties, leading to pathological angiogenesis.
Considering the paramount importance of VEGF signaling in angiogenesis and EC functions, we investigated whether Epac1 might be involved in regulating VEGF-mediated signaling in ECs. As shown in Fig. 3E , activation of Epac by 007-AM promoted the activation of Akt and endothelial nitric oxide synthase (eNOS), two prominent VEGF signaling downstream readouts, when administrated alone and further synergized VEGF-mediated activation of Akt and eNOS when administrated in combination. On the other hand, knocking down Epac1 in ECs suppressed basal and VEGF-stimulated phospho-Akt and phospho-eNOS ( Fig. 3F ). Together, these data suggest that Epac1 activation promotes and synergizes with VEGF signaling. These findings are consistent with Epac1's in vivo functions in promoting pathological angiogenesis.
To determine whether Epac1-mediated Akt and eNOS phosphorylation is Rap1 dependent, we tested the effect of Rap1GAP, a Rap1-specific GTPase-activating protein that efficiently keeps Rap1 in its inactive guanosine diphosphate-bound state. Ectopic expression of Rap1GAP in HUVECs suppressed cellular Rap1uanosine triphosphate level ( fig. S6I ). Rap1GAP blocked the ability of 007-AM to stimulate Akt and eNOS phosphorylation ( fig. S6J ), consistent with our previous finding in 3T3-L1 cells (24) . These results suggest that Rap1 is required for Epac-induced Akt and eNOS activation in HUVECs.
Epac1 controls Notch signaling
Given that Notch signaling plays a critical role in regulating angiogenesis, particularly by balancing the proangiogenic effect of VEGF signaling (25) , we examined the status of Notch signaling in ECs in response to Epac1 inhibition or activation. As shown in Fig. 4A , gene silencing of Epac1 increased the levels of mRNAs for Notch target genes Hes1 and Hey1, as well as Notch ligand DLL4, whose expression is also induced by Notch activation (26) . Conversely, activation of Epac1 in ECs by 007-AM down-regulated the expression of these genes (Fig. 4B ). These results suggest that Epac1 negatively regulates Notch signaling in ECs. Consistent with this notion, knocking down Epac1 in ECs led to a significant decrease in the cellular protein level of Notch1 and concomitant increases in the intracellular domain of Notch protein (NICD) and its target gene DLL4 at the protein level ( Fig. 4C ). In HUVECs, two protein bands with apparent molecular weight around 300 and 120 kDa, corresponding to the full-length protein (Notch1-FL) and the cleaved transmembrane/intracellular region (Notch1-NTM), were revealed by the anti-Notch1 antibody. Since the 300-kDa band was much weaker than the 120-kDa one and the expression pattern for Notch1-FL and Notch1-NTM followed the same trend, we used the Notch1-NTM band for protein quantification. To address whether the effects of Epac1 on Notch signaling are related to its guanine nucleotide exchange activity, i.e., Rap1, we suppressed cellular Rap1 activity by ectopic expression of Rap1GAP and found that it down-regulated cellular Notch1, NICD, and Notch target gene expression ( Fig. 4 , D and E), which is opposite to those observed by silencing Epac1. These results suggest that the effects of Epac1 on Notch signaling are not dependent on Rap1 regulation.
To confirm that the apparent Notch activation observed in ECs with Epac1 silencing was also occurring in vivo, we isolated mRNA from retinal vasculature harvested from WT and Epac1 −/− OIR mice at P17 and monitored the expression of Notch target genes Hes1, Hye1, and DLL4. As shown in fig. S7A , the levels of Notch target genes were elevated in Epac1 −/− OIR retinal vasculature. Similarly, we examined the expression levels of DLL4 in cells on Matrigel plug sections harvested from WT or Epac1 KO mice using immunofluorescence staining. While specific DLL4 staining was observed in ECs costained by BS1 lectin-FITC in both WT and Epac1 KO Matrigel plug sections ( fig. S7B ), the intensities of DLL4 staining in Epac1 KO ECs were significantly stronger than those in WT ECs ( fig. S7C ), suggesting an enhanced DLL4 expression and Notch signaling in Epac1 KO ECs. Together, these data demonstrated that Epac1 negatively regulates Notch signaling during pathological angiogenesis in vivo.
Epac1 interacts with presenilin 1 and suppresses -secretase activity
The ability of Epac1 to regulate Notch1 and NICD levels reciprocally suggests that Epac1 may modulate Notch signaling via acting on -secretase, which proteolytically cleaves Notch receptors to release NICD (27) . To test this hypothesis, we performed affinity pulldown of Epac1 using anti-FLAG M2 resin in HeLa cells ectopically expressing FLAG-tagged Epac1 protein. HeLa cells were used because they express little endogenous Epac1 protein, allowing us to study the interaction of exogenously expressed FLAG-tagged Epac1 with other intracellular partners at high efficiency. As shown in Fig. 5A , immunoprecipitation of Epac1-FLAG protein pulled down the catalytic subunit of -secretase, presenilin 1 (PS1), while these proteins were absent from control pulldown in HeLa cells transfected with an empty vector. To confirm the affinity pull-down results and to prove that Epac1 also interacts with PS1 in ECs, we performed affinity pulldown of HUVEC or HeLa cell lysate using purified recombinant glutathione S-transferase (GST)-tagged Epac1 (GST-Epac1) protein as a bait. PS1 was present in the GST-Epac1 pull-down fraction eluted by glutathione but not in the control GST pull-down fraction from HUVEC or HeLa cell lysate (Fig. 5B ). experiments). **P < 0.01, ***P < 0.005, ****P < 0.001; 007-AM-, VEGF-, or VEGF/007-AM-treated versus vehicle control; #P < 0.05, ####P < 0.001; VEGF/007-AM-treated versus VEGF alone. (F) Gene silencing of Epac1 by siRNA (Epac1KD) decreased basal and VEGF (10 ng/ml, 30 min)-stimulated phospho-Akt (S473) and phospho-eNOS (S1177) activation. Values are expressed as relative fold change in the format of means ± SEM (n = 4 independent experiments). $$$P < 0.005, $$$$P < 0.001; Epac1 siRNA versus control siRNA; &&&P < 0.005, &&&&P < 0.001; VEGF-treated Epac1 siRNA versus VEGF-treated control siRNA. GAPDH, glyceraldehyde-3-phosphate dehydrogenase.
To assess the functional importance of the interaction between Epac1 and PS1, we directly measured -secretase activity in response to Epac activation using an "exo-cell" -secretase assay that allows the monitoring of real-time cellular -secretase activity (28) . Activation of Epac by stimulation of ECs with 007-AM (5 M) led to a rapid and time-dependent reduction of -secretase activity (Fig. 5C ). Pretreatment of ECs with 5 M of ESI-09, an Epac-specific inhibitor, reversed 007-AM-induced reduction of -secretase activity ( Fig. 5D ), confirming that the suppressive effect of 007-AM on -secretase is indeed mediated by Epac. To further validate the results obtained in ECs, we performed similar experiments using HeLa cells that ectopically expressed human Epac1 (HeLa-Epac1). As shown in Fig. 5E , activation of Epac1 by 007-AM in HeLa-Epac1 cells led to a comparable time-dependent reduction of -secretase activity, as observed in ECs. Again, ESI-09 pretreatment mitigated the inhibitory effect of 007-AM in HeLa-Epac1 cells (Fig. 5F ). On the other hand, -secretase activity in parental HeLa cells, which express little Epac1, did not respond to treatment by either 007-AM or ESI-09 within the same time frame ( fig. S8 ). Together, these results suggest that Epac1 interacts with -secretase and inhibits its cellular activity.
Epac1 regulates -secretase intracellular trafficking
Previous studies report that -secretase exerts its cleavage function at early endosome (29) (30) (31) . To test whether Epac1 modulates cellular -secretase activity by regulating cellular trafficking of -secretase, we monitored the rate of -secretase internalization by reversible cell surface protein biotinylation. As shown in Fig. 5G , while treatment of HUVECs with 007-AM for 12 min had no effects on the total cellular level of PS1, administration of 007-AM significantly reduced the amount of internalized PS1 compared with vehicle control. These results suggest that Epac activation inhibits -secretase internalization. To further confirm that Epac1 interacts with and regulates -secretase, we tracked the cellular localization of PS1 by performing immunofluorescence staining of ECs using a PS1-specific antibody that has been previously validated for immunofluorescence staining (32, 33) . In basal ECs treated with vehicle control, PS1 displayed a diffused punctate staining throughout the cytosol and nucleus. Treatment of ECs by 007-AM led to a marked redistribution of PS1 staining highlighted by plasma membrane accumulation of PS1 (Fig. 5H) . These results suggest that Epac activation promotes cell surface accumulation of PS1, which is consistent with the cell surface protein biotinylation data. Together, these observations indicate that Epac1 interacts with -secretase and that activation of Epac1 suppresses -secretase activity by blocking its internalization.
Inhibition of -secretase by DAPT counters the effects of silencing Epac1
The ability of Epac1 to interact and suppress cellular -secretase activity prompted us to investigate whether inhibition of -secretase would be able to reverse the apparent Notch activation induced by Epac1 silencing. When Epac1 knockdown ECs were treated with N-[N-(3,5-Difluorophenacetyl)-L-alanyl]-S-phenylglycine t-butyl ester (DAPT), a -secretase-specific inhibitor (34), we observed that DAPT treatment abolished Epac1 silencing-induced DLL4 and NICD up-regulation while concomitantly increasing the level of Notch1-NTM ( fig. S9A ). Consistent with the changes in protein expression, treatment of Epac1 knockdown ECs with DAPT also blocked Epac1 To further test whether Epac1-mediated -secretase inhibition is responsible for the observed antiangiogenic effect in Epac1 KO animals, we tested the ability of -secretase inhibition by DAPT to rescue the angiogenic defect associated with Epac1 KO using the aforementioned ex vivo angiogenesis assay (21) . As shown in fig. S10, aortic rings isolated from Epac1 KO mice exhibited minimum sprouting vessel outgrowth as expected, while Epac1 −/− aortic rings treated with DAPT showed a strong capillary sprouting and branching of vessel outgrowth. These results support the notion that Epac1 inhibition, acting through -secretase, activates Notch signaling to suppress angiogenesis.
Pharmacological inhibition of Epac alleviates pathological angiogenesis in vivo
The ability of Epac1 to promote angiogenesis under pathological conditions provides opportunities for potential therapeutic intervention. To investigate the prospective of treating pathological angiogenesis by targeting Epac1, we subjected WT pups to OIR and treated them with vehicle or the Epac-specific inhibitor ESI-09 [20 mg kg −1 day −1 intraperitoneally] (22, 23) from P12 to P16. Similar to Epac1-deficient mice, ESI-09 treatment significantly decreased the area of pathological neovascularization and enhanced vascular repair at P17 (Fig. 6 , A to C), suggesting that Epac1 is a promising therapeutic target for the treatment of pathological angiogenesis.
DISCUSSION
Dysregulation of angiogenesis contributes to various pathogenic developments such as ocular and rheumatoid disorders, cardiovascular diseases, and cancer (1) . While Epac1 is not essential for vasculature formation during embryonic development, as Epac1 KO mice are viable and mature normally (13, 15, 35) and Epac1 −/− mice have normal retinal developmental angiogenesis ( fig. S1 ), our studies show that Epac1 signaling plays a crucial role in promoting angiogenesis under pathological conditions. Specifically, using a murine model of OIR for studying abnormal angiogenesis in the retina, we show that the expression of Epac1 is elevated in the vessel of ischemic retinas and that the deletion of Epac1, but not Epac2, prevents OIR-induced neovascularization. The effect of Epac1 deletion on reduced pathological angiogenesis is further supported by the observations of impaired angiogenic response to VEGF/FGF2 in Matrigel plugs implanted in Epac1 null mice, decreased neovascularization during stenosis, and decreased microvessel sprouting from Epac1 KO aortic rings.
These results have major clinical/therapeutic significances, as OIR is a proven model for human ophthalmic neovascular diseases including ROP, a leading cause of vision impairment and blindness in children. Current treatments for ROP, including laser photocoagulation, the standard of care for treating retinal neovascularization in ROP, and supplement cryotherapy used occasionally in severe cases (36) , are invasive and destroy retinal neurons and impair peripheral vision. Anti-VEGF agents are used to treat neovascularization in age-related macular degeneration and have been used for treating ROP off label. However, they are not approved by the U.S. Food and Drug Administration for ROP therapy because of its potential interference with vasculogenesis and retinogenesis in premature infants. Our study suggests that Epac1 may represent a promising therapeutic target for ROP since Epac1 deletion attenuates pathological angiogenesis but not physiological angiogenesis. This possibility is further supported by our data showing that pharmacological inhibition of Epac1 specifically suppresses OIR-induced neovascularization in WT mice and recapitulates the phenotype of genetic Epac1 KO. Notably, blockade of Epac1 specifically inhibited pathological angiogenesis and changed the balance between pathological angiogenesis and physiological angiogenesis, resulting in less retinal neovascularization and more vascular repair (less avascular area). This feature is highly desirable in clinic, as current anti-VEGF agents block both pathological and physiological angiogenesis, and repeated injections are needed since retinal ischemia persists. This study warrants further investigation of the Epac1 pathway in ROP and other models of pathological angiogenesis and evaluation of the effects of newly developed Epac inhibitors.
Our study is in line with previous studies that blocking adenosine A2A receptor or 2-adrenergic receptor, which is coupled to G αs protein to stimulate cAMP production, or activating somatostatin receptor 2, which is coupled to G αi protein to inhibit cAMP production, prevents pathological retinal angiogenesis (37) (38) (39) (40) . In addition, it has been well documented that prostaglandin E2 promotes pathological angiogenesis (41) via G αs -coupled receptors EP2 and EP4 (42) . Results from this study suggest that Epac1 may represent a common downstream effector responsible for mediating the cellular responses of the G α /cAMP system on pathological angiogenesis.
Mechanistically, we found that Epac1 contributes to pathological neovascularization by modulating Notch and VEGF signaling, two key pathways for angiogenesis regulation (Fig. 6D ). Neovascularization is initiated by the activation of EC, in response to an angiogenic trigger such as hypoxia, inflammation, or mechanical stress. Activation of EC leads to cell migration, proliferation and the formation of the initial capillary sprouts, on which the subsequent recruitment of vascular mural cells supports vessel stabilization and maturation (43) . VEGF is a key positive regulator of endothelial proliferation and sprouting (44, 45) . On the other hand, the Notch signaling pathway counteracts the angiogenic sprouting effect of VEGF signaling (25, 46) . Stimulation of quiescent ECs by VEGF spearheads the vascular sprouting by promoting the formation of a tip cell, which guides the growth of new vascular sprout by integrating attractive and repulsive environmental cues (47) . To prevent other ECs from turning into tip cells, a negative feedback regulation is imposed by Notch-mediated lateral inhibition, which down-regulates VEGF signaling in adjacent stalk cells to ensure the proper formation of a new vascular sprout connected to the existing vasculature (48) . Our studies demonstrate that while Epac1 signaling is dispensable for angiogenesis under physiological conditions, dysregulation of the cAMP/Epac1 signaling under stress conditions promotes pathological angiogenesis through reciprocal cross-talks with the VEGF and Notch signaling pathways by augmenting VEGF signaling while dampening Notch activation (Fig. 6D) .
Activation of the phosphatidylinositol 3-kinase (PI3K)/Akt/eNOS pathway by cAMP/Epac1 signaling has been previously reported and is dependent on Rap1 (49, 50) . Our current study of Epac1's effects on vascular angiogenesis further confirms that Epac1 acts through Rap1 in cross-talking with the VEGF/PI3K/Akt/eNOS pathway. On the other hand, connection between Epac1 and Notch signaling has not been previously explored. Regulation of Notch signaling by Epac1 is not dependent on Rap1, as silencing Epac1 or Rap1 resulted in opposing effects on Notch receptor activation and target gene expressions. Instead, our study reveals a previously unknown Epac1 endothelial function, in which Epac1 regulates Notch signaling by modulating -secretase that is required for the activation of Notch signaling by proteolytic processing-activated Notch receptors to liberate NICD and allow transcriptional activation of Notch target genes (27) . While PS proteins, nicastrin, anterior pharynx-defective 1, and PS enhancer 2 are the core components of the -secretase complex essential for basic enzymatic activity, cellular -secretase activity and specificity are modulated by additional regulatory proteins, such as TMP21, CD147, and HIF1 (51) (52) (53) . Our findings that Epac1 modulates cellular -secretase activity by interacting directly with PS proteins and inhibiting their internalization identify Epac1 as a previously unidentified regulatory protein for -secretase.
In summary, our data provide compelling evidence that Epac1 is an important regulator of pathological angiogenesis. By modulating the cellular activity of -secretase, Epac1 suppresses the Notch signaling pathway and promotes angiogenesis under pathophysiological conditions. These results, coupled with the finding that pharmacological inhibition of Epac prevents OIR-induced neovascularization, suggest that Epac-specific inhibitors can be developed as promising therapeutics for the treatment of diseases associated with abnormal angiogenesis such as retinal vascular disorders, cancer metastasis, and other proliferative vascular diseases. Considering that Epac1 is a ubiquitous protein expressed in both vascular endothelial and smooth muscle cells, as well as in neurons, future studies using tissuespecific Epac1 KO models are necessary to reveal the cell typespecific functions of Epac1. In addition, besides Epac1's roles in angiogenesis, recent studies also highlighted Epac1/Rap1's functions in retinal vascular permeability and laser-induced choroidal neovascularization (54, 55) . Dissecting the relative contributions of various Epac1's EC functions in the development of proliferative vascular disorders will help guide the development of more effective therapeutic strategies.
METHODS

Experimental animals
C57BL/6 mice were originally obtained from the Jackson Laboratory (Bar Harbor, ME). Epac1 −/− and Epac2 −/− mice on C57BL/6 background were generated as described previously (35, 56) . Animals were housed on a 12-hour light/12-hour dark cycle in pathogen-free facilities with ad libitum access to food and water. Both male and female littermates were used for this study. The use of all animals was in accordance with the National Institutes of Health guidelines and approved by the Institutional Animal Care and Use Committee of the University of Texas Health Science Center at Houston and University of Texas Medical Branch in Galveston. Pharmaceutical grade isoflurane (5%, inhalant) was used for animal euthanasia.
Oxygen-induced retinopathy OIR was induced as previously described (18, 57) . Briefly, pups with their nursing mother were exposed to 70% oxygen from P7 to P12. Subsequently, they were returned to room air for 5 days to initiate rapid vessel growth and pathological neovascularization.
Immunostaining of whole-mount retinas
After mice were anesthetized at indicated time points, eyes were enucleated, fixed in 4% paraformaldehyde (PFA) overnight at 4°C, and dissected to isolate the retinas. Subsequently, the retinas were stained with antibodies against Epac1 (1:200; sc-8880, Santa Cruz Biotechnology, Santa Cruz, CA), phospho-histone H3 (1:200; 06-570, EMD Millipore, Billerica, MA), and/or Alexa Fluor 594-labeled isolectinB4 (Griffonia simplicifolia) (1:200; I21413, Thermo Fisher Scientific, Waltham, MA) to visualize vessels. After retinas were flat-mounted, images were captured by Zeiss LSM confocal microscopy or fluorescence microscopy. Avascular area and neovascularization were quantified as percentage of whole retinal area using ImageJ software.
Isolation of retinal vessels
Retinal vessels were isolated with a hypotonic shock method as previously described (18) . Briefly, retinas were incubated in 5 to 6 ml of deionized water at 4°C for 1 hour followed by incubation in 4 ml of distilled water containing 500 U of deoxyribonuclease I (Worthington Biochemical, Lakewood, NJ) for 10 min. The nonvascular tissue was gently removed by repeatedly pipetting solution onto the retinal tissue.
Mouse carotid artery ligation injury model
Carotid artery ligation was performed on 10-week-old C57BL/6 WT and Epac1 −/− littermates following a well-established protocol (20) . Four weeks after the procedure, all animals were anesthetized and perfused with phosphate-buffered saline (PBS) and 10% formalin. The ligation-injured segments and contralateral noninjured carotid arteries were collected and fixed with 10% formalin, dehydrated, and embedded in paraffin. Neointimal lesion development was evaluated by H&E and immunofluorescence staining with -smooth muscle actin-Cy3 antibody (C6198, Sigma-Aldrich, St. Louis, MO) and FITCconjugated lectin from Bandeiraea simplicifolia (L9381, Sigma-Aldrich) as described previously (20) .
In vivo Matrigel plug assay
Ice-cold Matrigel (400 l; BD Biosciences, San Jose, CA) containing recombinant human VEGF (600 ng/ml; PeproTech, Rocky Hill, NJ) and FGF2 (300 ng/ml; PeproTech) was subcutaneously injected into the mouse groin area. Ten days after injection, Matrigel plugs were harvested, photographed, and then embedded in paraffin after being fixed in 10% formalin. Serial cross sections (5 m) were cut for H&E and immunostaining analyses. To visualize blood vessellike structures, Matrigel sections were stained for ECs and pericytes using an immunofluorescence protocol. Sections were first unmasked with citric antigen retrieval solution (Sigma-Aldrich) in a steamer for 20 min, blocked with 5% normal goat serum and 1% bovine serum albumin in PBS for 30 min, and stained with B. simplicifolia lectin conjugated with FITC for ECs (L9381, Sigma-Aldrich) and anti--SMA (C6198, Sigma-Aldrich) for pericytes or anti-DLL4 antibody (ab7280, Abcam). Sections were mounted with medium containing DAPI (4′,6-diamidino-2-phenylindole; H-1200, Vector Laboratories). Sections were examined and imaged using a Nikon A1 confocal imaging system. Analysis was carried out with the Nikon NIS-Elements software.
Ex vivo angiogenesis assay using mouse aortic rings
The mouse aortic ring assay was performed as described previously (21) . Briefly, fresh isolated mouse aortas from WT and Epac1 −/− mice were cleaned of periadventitial fat and connective tissues in minimum essential medium (MEM) and then cut into rings with a thickness of ~0.5 mm under a dissecting microscope using a surgical scalpel. The aortic rings were fast in MEM overnight and randomly placed into individual wells of a 96-well plate with 50 l of collagen matrix (C3860, Sigma-Aldrich) on ice. Each 96-well plate was placed at room temperature for 15 min and then incubated for 1 hour at 37°C in a 5% CO 2 humidified incubator. Culture medium (150 l) supplemented with VEGF (30 ng/ml) was added into each well and changed every other day. To test the effect of Epac inhibition, aortic rings isolated from WT mice were randomly divided into four groups and treated with vehicle control, 2.5, 5, or 10 M Epac-specific inhibitor ESI-09 (22, 23) . To test the rescue effect of DAPT (S2215, Selleck Chemical, Houston, TX), aortic rings isolated from Epac1 KO mice were randomly divided into two groups and treated with vehicle control or 10 M DAPT, respectively. Both ESI-09 and DAPT were refreshed every other day along with medium change. After 6 to 7 days, microvessel sprouting was observed and imaged using an inverted phase-contrast microscope. For quantification of microvessel sprouts, images were sharpened and contrast-enhanced using ImageJ to improve visibility. Images were subsequently imported in GIMP (GNU Image Manipulation Program) to generate a binary image by setting the intensity threshold at 180 across all photos. Microvessel sprouts were then traced and validated by comparing with the original image. The number of the main outgrowths from each aortic ring was used for data analysis.
Cell culture and treatment
HUVECs (CC-3124) were from Lonza (Allendale, NJ) and cultured in Endothelial Cell Growth Medium (EGM; Lonza). Human dermal neonatal fibroblasts (HDFNs) were purchased from Cascade Biologics (Portland, OR) and cultured in Dulbecco's modified Eagle's medium (DMEM; D5030, Sigma-Aldrich) supplemented with 5% fetal bovine serum (FBS; Hyclone, Logan, UT), 2 mM glutamine, 1 mM sodium pyruvate, and penicillin-streptomycin (100 U/ml; P4333, Sigma-Aldrich). Human primary retinal microvascular ECs (HRMECs) were purchased from Cell Biologics (Chicago, IL) and cultured in basal Human Endothelial Cell Medium (Cell Biologics) supplemented with Supplement Kit and 10% FBS (Cell Biologics). Cell cultures were maintained at 37°C in 5% CO 2 humidified incubators. Cells from passages between 3 and 8 were used for all experiments described in this study. For pharmacological manipulations, nearconfluent HUVECs were washed once with Hanks' Balanced Salt solution (HBSS) and starved in serum-free endothelial basal medium (EBM) for 2 hours followed by the treatment of control vehicle (5 M 007-AM; C051, BioLog Life Science Institute, Bremen, Germany), recombinant VEGF (rVEGF, 10 ng/ml), or 007-AM and rVEGF for various time intervals. For experiments involving RNA interference (RNAi), HUVECs at 70% confluence were transfected with Epac1specific (1299001) or nontargeting control (12935-300; Thermo Fisher Scientific) Stealth RNAi siRNA oligonucleotides at a final concentration of 50 nM using Lipofectamine 2000 (Thermo Fisher Scientific) according to the manufacturer's instructions. Forty-eight hours after transfection, cells were starved in serum-free EBM for 2 hours followed by treatment of control vehicle, rVEGF (10 ng/ml), or 10 M DAPT for various time intervals. Ectopic expression of Rap1GAP in HUVECs was achieved by transfection of the pFLAG-CMV2-Rap1GAP vector (58) using Lipofectamine 2000.
MTS cell proliferation assay
After HRMECs were cultured and plated in a 96-well plate in basal Human Endothelial Cell Medium supplemented with Supplement Kit and 10% FBS for 24 hours, culture medium was changed to basal medium supplemented with VEGF (30 ng/ml), or 2.5 M 007-AM or 2.5 M ESI-09 or combination for 16 hours. Next, culture medium was changed to basal medium, and 20 l of CellTiter 96 AQ ueous One Solution Reagent from CellTiter 96 AQ ueous One Solution Cell Proliferation Assay (MTS) kit (Promega, Madison, WI) was added into each well and incubated for 1.5 hours at 37°C, followed by measurement of absorbance at 490 nm.
Scratch wound healing assay
HRMECs were seeded in collagen-coated 24-well plates at a density of 8 × 10 4 cells per well. The next day, HRMECs were serum-starved for 6 hours. Confluent cell monolayer were then scraped with a 200-l pipette tip to generate scratch wounds and washed with PBS to remove cell debris. Cells were incubated at 37°C for 16 hours in serum-free medium supplemented with VEGF (30 ng/ml) or 5 M 007-AM or 2.5 M ESI-09 or combination. Images of cells were taken with a Leica microscope immediately and 16 hours after scratching.
Cell invasion assay
Cell invasion was analyzed by using the BioCoat Matrigel Invasion Chamber (Corning, Steuben County, NY) according to the manufacturer's instructions. Briefly, HRMECs were serum-starved for 24 hours, cells were resuspended in serum-free media supplemented with vehicle [dimethyl sulfoxide (DMSO)] or ESI-09 or 007-AM, and 4 × 10 4 cells per well for ESI-09 or 2 × 10 4 cells per well for 007-AM were plated in the upper insert. Medium with 2% FBS was supplemented with vehicle (DMSO) or 5 M 007-AM or 2.5 M ESI-09 and added to the lower wells. After cells were incubated for 20 hours, noninvading cells were gently scrubbed off the upper surface. Migrated cells adhering to the lower membrane were fixed in 4% PFA and stained with 0.1% crystal violet solution. The average number of migrated cells was quantified by counting cells in six randomly selected fields.
EC tube formation assay
Growth factor-reduced basement membrane matrix (Corning) was diluted with basal medium (1:1) on ice, and diluted matrix (100 l per well) was added to a 48-well plate on ice and allowed to polymerize at 37°C for 45 min. Subsequently, 5 × 10 4 HRMECs were prepared in 400 l of basal medium supplemented with VEGF (30 ng/ml) or 2.5 M 007-AM or 2.5 M ESI-09 or combination and plated onto the surface of the Matrigel. After the cells were incubated for 5 hours at 37°C, images of the tubular structures were taken by a Leica microscope.
In vitro 3D angiogenesis assay
Angiogenesis assay was performed as previously described (59) . Briefly, collagen/media solution was prepared on ice and mixed with HUVECs (1 × 10 6 /ml) and/or HDFNs (5 × 10 5 /ml). Subsequently, 30 l of collagen/cell mixture was spotted onto a 5-mm woven nylon mesh ring (Tetko Inc., Elmford, NY). After the collagen/cell mixture was polymerized at 37°C, samples were transferred to a 96-well flat-bottom culture plate with media. The culture media consisted of EBM-2 supplemented with all "bullet kit" components except FBS, VEGF, and basic FGF. This basic media was supplemented with 1% FBS and VEGF (30 ng/ml). For Epac inhibition, 2.5 M ESI-09 was added to the culture media, which was refreshed every day. For coculture assay, HUVECs were transiently transfected using HiPerFect (QIAGEN, Valencia, CA) with Epac1 siRNA (M007676-01-0005, Dharmacon, Lafayette, CO). On day 5, collagen-embedded cells were fixed in 4% PFA and stained with tetramethyl rhodamine isothiocyanatelabeled lectin (10 g/ml; Ulex europaeus, UEA-I, Sigma-Aldrich) overnight. Images were taken by a Zeiss LSM confocal microscope.
Western blot analysis
Cells were lysed in 1× Cell Lysis Buffer (Cell Signaling Technology, Beverly, MA) supplemented with phenylmethylsulfonyl fluoride (PMSF) and cOmplete, Mini, EDTA-free Protease Inhibitor Cocktail Tablet (Roche, Indianapolis, IN). Cell lysates with 5 to 10 g of total proteins were resolved on stain-free SDS-polyacrylamide gels containing 0.05% 2, 2, 2-trichloroethanol. After electrophoresis, images were taken by ChemiDoc Touch Imaging System (Bio-Rad, Hercules, CA) for total protein loading quantification before proteins were transferred to a polyvinylidene difluoride membrane (Millipore). After blocking with 5% nonfat milk, the blots were first incubated with primary antibodies against Akt (no. 9272), Epac1 (no. 4155), DLL4 (no. 2589), Notch1 (no. 3608), NICD (no. 4147), phospho-Akt (S473) (no. 4060), phospho-eNOS (no. 9571), PS1 (no. 5643), GAPDH (glyceraldehyde-3-phosphate dehydrogenase; no. 2118) (Cell Signaling Technology), eNOS (no. 610297, BD Biosciences), or -tubulin (T6074, Sigma-Aldrich) at 4°C for overnight and then followed by incubation with horseradish peroxidase-conjugated secondary antibodies (Cell Signaling Technology) and detection using Amersham ECL Prime Western Blotting Detection Reagent (GE Healthcare Life Sciences, Pittsburgh, PA). The intensity of the signals was assessed with ChemiDoc Touch Imaging System and quantitated with Image Lab Software (Bio-Rad) or ImageJ software. Protein levels were normalized against total protein loading or an internal control such as GAPDH or -tubulin. The sample readout was determined as a ratio by dividing the normalized protein level in the treatment cells with that in the control cells, which was set to be 1. Statistical analysis was performed using data from at least three independent experiments.
Real-time polymerase chain reaction
Total RNA from HUVECs was extracted with RNeasy Mini Kit (QIAGEN) according to the manufacturer's instruction. Complementary DNA (cDNA) was prepared using The High Capacity cDNA Reverse Transcription kit (Applied Biosystems, Waltham, MA) or Moloney murine leukemia virus reverse transcriptase (Invitrogen, Carlsbad, CA). Real-time polymerase chain reaction (PCR) analysis was performed using iQ SYBR Green Supermix (Bio-Rad) or a StepOne PCR system (Applied Biosystems) with Power SYBR Green according to the manufacturers' recommendations. The sequence (5′-3′) of forward and reverse primers used for real-time PCR are the following: human transcripts: Epac1, CCTCTCCAACTCGGTGAAGC (forward) and CTGGCTGAACAACACGGTC (reverse); Hes1, AGCA-CACTTGGGTCTGTGC (forward) and TGAAGAAAGATAGCT CGCGG (reverse); Hey1, ATCTGCTAAGCTAGAAAAAGCCG (forward) and GTGCGCGTCAAAGTAACCT (reverse); DLL4, CTGGAGCTCAGCGAGTGTGAC (forward) and CCTGGTCCT-TACAGCTGCCTC (reverse); and GAPDH, CTGACTTCAACAG-CGACACC (forward) and GTGGTCCAGGGGGTCTTACTC (reverse). Mouse transcripts: Epac1, AATGGCTGTGGGAACGTATCTC (forward) and CCTGGTTAGGGAGCCAAACA (reverse); Epac2, TGCAAACACTGCCAGAACAGT (forward) and GAGCGG CATCCGGATTG (reverse); PKA, AGTACTTGGCCCCCGAGATT (forward) and ACCAGTCCACAG CCTTGTTGT (reverse); PDE1a, AGGTCGGACGTTGCTATTCTGT (forward) and CGCTGAC-GTGGTGATTCTCA (reverse); PDE1b, GTTCCGAAGCATCGT-GCAT (forward) and GAACATCCGCTCCACGAAGA (reverse); PDE3a, CCTGGCCGACCCTTCTCT (forward) and AGTTGCT-TACGGCCCTCAAG (reverse); PDE3b, GAATTCTGGAGGTG-GAAATGGA (forward) and TCTGACACCATATTGCGAGCTT (reverse); DLL4, GACCTGCGGCCAGAGACTT (forward) and GAGCCTTGGATGATGATTTGG (reverse); Hes1, CCCCAGC-CAGTGTCAACAC (forward) and TGTGCTCAGAGGCCGTCTT (reverse); Hey1, TCACCTGAAAATGCTGCACACT (forward) and GGCGTGCGCGTCAAA (reverse); and Hprt, GAAAGACTTGCTC-GAGATGTCATG (forward) and CACACAGAGGGCCACAATGT (reverse). The fold difference was calculated by the CT method using GAPDH or Hprt as the internal control.
Epac1 affinity pull-down
HeLa S3 cells stably expressing Epac1 fused with a C-terminal FLAG/hemagglutinin tandem epitope tag were generated and maintained in DMEM supplemented with 10% FBS as previously described (60) . Cells from 10-cm plates with 90% confluency were lysed in lysis buffer containing 25 mM tris (pH 7.6), 150 mM NaCl, 5 mM MgCl 2 , 1% Triton X-100, and PMSF and protease inhibitors. Cell lysate was incubated with Anti-FLAG M2 affinity gel (A2220, Sigma-Aldrich) overnight at 4°C with constant gentle mixing and then washed five times with lysis buffer and 10% glycerol. Cellular Epac1-FLAG complexes were eluted with a purified FLAG peptide in lysis buffer. Control pulldown was performed using cell lysate with equal total cellular proteins from cells stably transfected with the empty vector. Interaction between Epac1 and -secretase was further confirmed by affinity pulldown using recombinant GST-Epac1 that was purified as described previously (61) . Briefly, HUVEC or HeLa total cell lysates were mixed with GST-Epac1 or GST control and incubated at 4°C with constant gentle mixing for 2 hours. GST-Epac1 or GST was recovered using glutathione-agarose beads. Cellular binding partners were eluted by glutathione solution after extensive washing of the beads.
-Secretase activity assay
The exo-cell assay was performed as described previously (28) . Briefly, cells were seeded in 12-well culture plates for 24 hours, and media were removed and washed twice with HBSS and once with serumfree media. Then cells were incubated in serum-free media before 007-AM (5 M) activation at each indicated time point. Next, recombinant Notch substrate (0.4 M) was added in Pipes buffer [50 mM Pipes (pH 7.0), 150 mM KCl, 5 mM CaCl 2 , and 5 mM MgCl 2 ] and 0.25% CHAPSO [3-([3-Cholamidopropyl]dimethylammonio)-2hydroxy-1-propanesulfonate] detergent and incubated at 37°C for 3 hours. -Secretase products were detected by AlphaLISA methods using SM320 antibody for NICD (62) . Activity readout is presented as arbitrary AlphaLISA units. The assay background was defined in the presence of a -secretase inhibitor and subtracted from activity assays. Specific activity was normalized to protein concentration.
-Secretase internalization assay
To monitor the effect of Epac1 activation on -secretase internalization, we first biotinylated the cell surface proteins using a Pierce Cell Surface Isolation Kit (89881, Thermo Fisher Scientific) and then followed the -secretase internalization by NeutrAvidin pulldown and immunoblotting. Briefly, HUVECs were grown in EGM in 10-cm dishes to 90 to 100% confluence and starved in serum-free EBM for 1.5 hours. The cells were quickly washed twice with 5 ml of ice-cold PBS supplemented with 0.1 mM CaCl 2 and 1 mM MgCl 2 and then incubated with 7.5 ml of EZ-Link Sulfo-NHS-SS-Biotin (0.25 mg/ml) in ice-cold PBS for 30 min at 4°C in the dark on a shaker. Quench solution (450 l) was added to the cells to stop the biotinylation reaction. The cells were washed with 5 ml of PBS twice to remove residual unreacted biotin and then brought to 37°C in 5 ml of EBM for 10 min followed by treating with 5 M 007-AM or DMSO vehicle for 12 min at 37°C. After incubation, cells were placed back on ice to halt endocytosis. After washing with cold PBS twice, residual surface biotinylation was removed by incubating with 7.5 ml of glutathione-stripping buffer [75 mM NaCl, 1 mM MgCl 2 , 0.1 mM CaCl 2 , 50 mM glutathione, 80 mM NaOH, and 10% FBS (pH 8.6)] at 4°C for 30 min. The cells were lysed with 300 l of radioimmunoprecipitation assay buffer with protease inhibitor cocktail and 1 mM PMSF after washing with 5 ml of ice-cold PBS three times. The internalized surface proteins were captured by NeutrAvidin Agarose beads following the manufacturer's instruction. The levels of internalized -secretase were probed by immunoblotting using PS1 antibody.
Statistics
All data were expressed as means ± SEM, unless stated otherwise, and analyzed using unpaired Student's t test with Welch's correction for comparison between two groups or ordinary one-way analysis of variance (ANOVA) with Dunnett's multiple comparisons test with the Geisser-Greenhouse correction for more than two groups. Differences were considered significant if P < 0.05. Cell culture experiments were repeated at least three times.
SUPPLEMENTARY MATERIALS
Supplementary material for this article is available at http://advances.sciencemag.org/cgi/ content/full/6/1/eaay3566/DC1 Fig. S1 . Epac1 deletion does not compromise physiological angiogenesis in vivo. Fig. S2 . Gene expression of signaling molecules related to cAMP pathway in mouse retinal vasculature in OIR model. Fig. S3 . Epac2 deletion has no effect on OIR-induced neovascularization. Fig. S4 . Epac1 deletion decreases the proliferation in retinal vasculature of OIR. Fig. S5 . Epac1 inhibition suppresses microvessel sprouting from aortic rings. Fig. S6 . Epac1 cross-talks with VEGF signaling and regulates EC functions. Fig. S7 . Increased Notch target gene expression in Epac1-deficient vessels. Fig. S8 . Cellular -secretase activity in response to Epac activation and inhibition in parental HeLa cells. Fig. S9 . Inhibition of -secretase by DAPT neutralizes Epac1 siRNA-mediated Notch activation. Fig. S10 . Inhibition of -secretase by DAPT rescues defective microvessel sprouting in Epac1 KO aortic rings.
